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7.1 INTRODUCTION

Drug metabolism represents an integral contributor to the many physiological pro-
cesses that govern the pharmacokinetic/dispositional fate of most therapeutic agents
[1]. For the most part, drugs are taken orally and in order to be absorbed through the
stomach and intestine, they need to possess a high degree of lipid solubility [2,3]. The
requirement for drug lipid solubility is a physicochemical consequence to the fact that
lipid-soluble (nonionized) molecules are able to pass through biological membranes by
simple diffusion, while water-soluble (ionized) molecules cannot [4,5]. In this light,
drug metabolism can be broadly described as the biological transformation of lipophilic,
nonpolar molecules (drugs) to more hydrophilic, polar molecules (metabolites), which
are in turn readily eliminated from the body. Restated, drug metabolism controls the
systemic exposure of many drugs and without a metabolic pathway associated with
drug clearance, these molecules would remain in the body for an extended period and
possibly accumulate to toxic levels on repeated administration. In response to the role
drug metabolism has in drug safety, regulatory agencies place a premium on gleaning
information around the metabolic pathways and products associated for all new drug
applications (NDAs) (e.g., Guidance for Industry: Safety Testing of Drug Metabolites).

In order to appreciate the role of drug metabolism in drug safety, it is important
to consider how molecules are actually eliminated from the body. For the most part,
molecules are removed from the body through two primary routes of elimination: the
urinary and gastrointestinal systems [6]. The primary function of the kidney is the
excretion of body wastes, and for the purpose of this chapter, drug metabolites. Renal
elimination of drug metabolites is primarily dependent on the fraction of molecules that
are susceptible to reabsorption in the distal renal tubule. In this region of the kidney,
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nonionic diffusion is responsible for the reabsorption [7]. Reabsorption occurs primarily
by passive transfer and is mediated by a large hydrogen ion gradient between plasma
and acidic urine. In this environment, metabolites, which are typically ionized, remain
in the urine and are excreted, while drugs that are generally present as nonionized
molecules, readily diffuse from the urine back into circulation [8].

Extraction via biliary and intestinal excretion of drug metabolites is important for
the elimination of many therapeutic classes of drugs and corresponding metabolites [9].
Typically, biliary excretion is usually the primary route of elimination for compounds
with a molecular weight of more than 400 Da and generally involves active secretion
rather than passive diffusion [10]. Specific transport systems appear to exist for certain
classes of molecules (e.g., organic bases, organic acids, and neutral substances) [11].
However, given that the molecules most likely to be excreted via biliary elimination
are large, ionized molecules, once a molecule has been excreted into the bile (and
subsequently delivered into the intestinal tract), it is not likely to be reabsorbed by
passive diffusion.

If we disregard the role of small molecule transporters in drug metabolite elim-
ination, it is clear that the biliary elimination of drug metabolites, similar to renal
excretion, is primarily mediated by the physical properties of the molecule. Those
substances that are ionized typically leave the body, while lipid-soluble molecules can
be reabsorbed and reenter the blood circulation, which lengthens their half-life in the
body and potential for toxicity [12,13].

The process of drug reabsorption is conceptually similar to the manner in which
any molecule distributes between the two phases of water and a lipid-like solvent.
With respect to the drug metabolites, the two phases are fatty tissue (cell membrane)
and water (plasma). In organic chemistry, this concept is described in terms of a
quantitative feature, the partition coefficient P , or as it is usually expressed, log P

[14]. Factors that influence log P can be further distilled into descriptors such as
size and polarity or hydrogen bonding capability of a molecule [15]. Therefore, it is
important to understand the chemical features that can influence the partition ratio of a
molecule as these concepts are the primary areas of chemical modifications associated
with drug metabolism and safety [16].

Generally, polar solute molecules will dissolve in polar solvents and nonpolar solute
molecules will dissolve in nonpolar solvents. Polarity in organic chemistry refers to
a separation of charge and can describe a bond or an entire molecule [17,18]. The
polarity of the molecule is the sum of all the bond polarities in the molecule [19].
Since the dipole moment is a vector (a quantity with both magnitude and direction),
the molecular dipole moment is the vector sum of the individual dipole moments [20].
Restated, polar solute molecules have a positive and a negative end to the molecule. If
the solvent molecule (water in the case of biological systems) is also polar then positive
ends of solvent molecules will attract negative ends of solute molecules (Fig. 7.1).

As described above, drug metabolites are typically described as either being weak
acids (a substance that gives up a proton) or weak bases (a substance that accepts a
proton) and because of this, the disposition of most drug metabolites are governed
by passive diffusion [21]. The extent to which a given drug metabolite exists in an
ionized and nonionized species varies at different pH values. Therefore, the pH, or
more specifically the hydrogen ion concentration, influences the ratio of ionized to
nonionized species for a particular drug metabolite (Fig. 7.2). This concept is expanded
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Figure 7.1 Hydrogen bonding of urea in water.

using the Brønsted–Lowry definition of acids and bases. The thermodynamic character
that relates the charge in a molecule to the pH is the ionization constant, pKa [22].

With respect to the elimination of drug metabolites, an understanding of the degree
of ionization of a given molecule under physiological conditions is helpful to predict
whether a metabolite will be long lived. At a particular pH, the relative concentration
of the ionic and the molecular moieties of a given drug metabolite can be described
by the Henderson–Hasselbach equation:

pH = pKa + log
[conjugate acid]

[conjugate base]

Therefore, it follows, from the Henderson–Hasselbach equation, that when a sub-
stance is half ionized and half nonionized at a certain pH, its pKa is equal to this pH.
In other words, when the pH is equal to the pKa value of the molecule, half of the
molecules of a drug are in ionized and half are in nonionized form. It is important to
consider that the relation between ionization and pH is not linear, but sigmoidal. Thus,
small changes in pH will result in great changes in ionization, particularly if pH and
pKa values are close together.

With an appreciation of the physical chemical requirements that are required for
the elimination of the drug metabolite, the next obvious question is what types of
chemical modifications are biologically available to support drug metabolism enzyme
reactions? The chemical routes by which drugs are susceptible to drug-metabolizing
enzymes are large and varied. In fact, one particular feature that distinguishes drug-
metabolizing enzymes from other “classical” enzymes is the wide variety of reactions
that these enzymes can carry out. In 1959, Williams classified the drug metabolic
reactions that are catalyzed by this group of enzymes into two general phases: phase
I and II reactions [23]. Phase I reactions include oxidation [24], reduction [25], and
hydrolysis [26], whereas phase II reactions are broadly defined as conjugation reactions
and include glucuronidation [27], sulfation [28], acylation [29], methylation [30], and
conjugation with glutathione (GSH) [31].

As with all enzyme-mediated reactions, drug-metabolizing enzymes are capable of
accelerating a chemical reaction faster than reactions carried out on a laboratory bench
top under the mild conditions of aqueous solution, room temperature, and neutral pH.
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Figure 7.2 Examples of acids and acidity scale.

In terms of the concepts describing chemical thermodynamics, enzyme catalysis is
essentially a lowering of the free energy function (G) associated with a given chemical
reaction [32]. A change in free energy for a reaction, �G, determines if a reaction is
spontaneous or not. Equilibrium conditions are governed by the standard free energy
change �G

◦, and there are several means by which enzymes are able to decrease activa-
tion energy. The catalytic power and specificity of an enzyme is a reflection of the steric
and electrostatic features associated with the enzyme’s active site [33]. The most impor-
tant of these involves the enzyme initially binding the substrate allows the molecule
to exist in close proximity to the catalytic groups found within the active enzyme
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Figure 7.3 Free energy or potential energy diagram of a simple E2 elimination reaction of an
alkyl halide to yield an alkene.

complex [34,35]. When the substrate is bound to the enzyme, the enzyme changes
conformation and forces the substrate into a strained or distorted structure that mimics
the reaction transition state [36], thus reducing the energy of activation (Fig. 7.3). In
this conformation, the substrate is forced into a reactive state, due to the loss of the
substrate’s translational and rotational entropy, toward the total activation energy [37].

Although small in relative numbers, drug-metabolizing enzymes are able to catalyze
a large variety of reactions because of their structural and chemical diversity. Some
drug metabolism enzymatic reactions mimic organic chemistry reactions and proceed
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via nucleophilic attack [38]. In this instance, enzyme’s active residues can act as
nucleophiles such as the sulfhydryl group of cysteine or the phenolic group of tyrosine.
Alternatively, groups such as aspartic acid, glutamic acid, and histidine (as its conjugate
acid) can act as general acids [39], while groups such as histidine, lysine, and arginine
can act as general bases [40] in catalytic mechanisms. In contrast, while some drug-
metabolizing enzymes can carry out their catalytic activity themselves, most others
(phase I oxidative enzymes) require presence of cofactors and coenzymes to carry out
reactions.

Coenzymes are organic molecules (often vitamins or vitamin derivatives) that are
required by certain enzymes to carry out catalysis (Fig. 7.4). They bind to the active
site of the enzyme and participate in catalysis but are not considered substrates of
the reaction. Generally, coenzymes function as intermediate carriers of electrons, spe-
cific atoms, or functional groups that are transferred in the overall reaction [41]. An
example of this would be the role of nicotinamide adenine dinucleotide phosphate
(NADPH) in the transfer of electrons in certain coupled oxidation reactions [42]. In
contrast, the term cofactor often refers to inorganic substances such as “metals” that
are required for enzyme catalysis. In many instances, these metals are bound tightly
by the enzyme or are complexed within prosthetic groups to form a permanent part of
the protein structure. For example, cytochrome P450 enzymes derive catalytic func-
tion through a heme-complexed metal species (Fig. 7.4), through the formation of a
reactive oxoiron(IV)-porphyrin π-radical cation, and are able to facilitate a wide range
of reactions most notably the insertion of an oxygen atom between a carbon hydrogen
bond [43].

While the notion of drug metabolism was appreciated before the 1950s, little was
known about the oxidative source involved in these enzymatic reactions. However, in
1950s, several laboratories demonstrated the direct incorporation of molecular oxygen
into small molecules [44–46]. In addition, during the same time period, other groups
determined that the microsomal deamination of amphetamine [47] and dealkylation of
aminopyrine [48] also required the presence of both the reduced form of NADPH and
molecular oxygen (O2) [24].

As illustrated in Fig. 7.5, the biological conversion of molecular oxygen to water
involves four sequential one-electron reductions. The sequential nature of the reduction
is necessitated by the fact that in the ground state, oxygen contains two unpaired
electrons. Each stage of oxygen reduction generates a reactive intermediate, which
can exist in a number of different energy levels or spin states and can generate new
species, generally by the addition of a proton. This has special significance with regard
to phase I drug-metabolizing enzymes that use oxene and hydrogen peroxide as the
major oxygen species involved in oxidative drug metabolism reactions [49,50].

With respect to phase II drug-metabolizing enzymes, the chemistry that supports
metabolite formation requires the presence of a cosubstrate. In these reactions, a for-
eign compound is covalently linked with a small endogenous molecule, derived from
carbohydrate or amino acid sources, to yield a characteristic product known as a con-
jugate [23]. There are five major conjugation reactions that primarily make up phase
II drug metabolism: glucuronidation, sulfation, acylation, methylation, and GSH con-
jugation. The corresponding cosubstrates involved in the listed reactions are listed in
Fig. 7.6. Interestingly, while phase II reactions are collectively described as conjuga-
tion reactions, they differ greatly in terms of the nature of the substrates involved, their
distribution through the body, and reaction mechanisms [51,52].
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Figure 7.4 Structures of common phase I coenzymes and cofactors.

The biochemical tools used to understand the various mechanism of drug metabolism
can be categorized into three primary groups: (i) experiments that are aimed to elucidate
the factors that can affect the metabolite transition state; (ii) studies that character-
ize reaction pathways associated with product formation; and (iii) determinations of
enzyme’s active topography and influence on rates of metabolite formation.
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Kinetic deuterium isotope effect studies have been used extensively to understand
the mechanism of drug metabolism reactions [53]. Primary kinetic isotope effects refer
to processes in which the bond to deuterium (usually a C–D bond) is broken during
the reaction and are expressed as the ratio of the specific rate constants, kH/kD, for
the initial reaction of the protium- and deuterium-labeled compounds, respectively.
The thermodynamic basis for the primary deuterium isotope effect lies in the large
relative mass difference between H and D, which results in a difference (1.2–1.5 kcal
mole) between the zero-point energy of a bond to deuterium versus hydrogen [54]. This
difference results in a greater energy requirement for cleavage of a bond to deuterium
and as a consequence, isotope effects on the rates of metabolic processes where rupture
of a C–D bond is rate determining.

In addition to helping define the thermodynamics of an associated drug metabolism
reaction transition state, selective use of isotopes (in particular, D and 18O) has also
been applied to dissect the nature of drug-metabolizing reactions [55]. For example,
the mechanism by which most aromatic hydroxylations occur is via epoxidation of
electron-rich π-bonds in the ring [56]. The resulting arene oxide is highly reactive for
two main reasons: (i) three-membered rings are highly strained and open up readily and
(ii) the ring on which the arene oxide forms is no longer aromatic (one double bond
was used to make the epoxide). As a consequence, arene oxides can undergo two main
types of reactions: rearrangement to yield a phenol or epoxide opening by reaction
with a nucleophile. One of the first applications of selective deuterium labeling in drug
metabolism was toward understanding the mechanism of reaction for the enzymatic
conversion of naphthalene to 1-naphthol in rat microsomes [57]. The results of this
experiment suggested that on enzyme-mediated oxidation of the aromatic ring to the
corresponding para-phenolic metabolite, the deuterium was retained on the molecule
(NIH shift), a result of rearrangement via a ring-opened intermediate [58].

In view of the widespread occurrence of oxidative transformations in drug
metabolism, experiments with isotopically labeled oxygen (18O2 or H2

18O) have been
used extensively to characterize many drug metabolism reaction mechanisms [59,60].
A good example of the application of heavy oxygen to determine the mechanism
of drug metabolism is through a series of in vitro experiments that were carried
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out under atmospheres enriched in 18O2 and showed, by GC-MS analysis, that the
dihydrodiol metabolite, 1,2-dihydro-1,2-dihydroxynaphthalene, contained only one
atom of 18O and that this labeled oxygen occupied the 1-position. In this study,
the authors further inferred that the second oxygen atom was derived from water [61].
Subsequent experiments conducted by Jerina and others [62] verified this hypothesis
by incubating the molecule in H2

18O fortified rat liver microsomal preparations.
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Site-directed mutagenesis of proteins has developed into a powerful tool for studies
of structure–function relationships for many drug-metabolizing enzyme systems. The
strategy of these types of studies is to alter enzyme’s amino acid residues that affect
reaction features such as substrate specificity [63], catalytic competence [64,65], coop-
erativity [66], and product specificity [67]. In the past few years, advances in X-ray
crystallography, homology modeling, and substrate docking techniques have allowed
for more precise functions for drug-metabolizing enzyme residues, making it possible
to utilize site-directed mutagenesis designed to test these predictions [68]. The primary
aim of site-directed mutagenesis to investigate the catalytic mechanisms behind drug
metabolism reactions is to replace essential residues (ionizable or nucleophilic amino
acids) with unreactive ones [69,70]. In this fashion, general acids, general bases, and
catalytic nucleophiles arguably represent the most “essential” residues in an active site
as they directly participate in the formation and rupture of covalent bonds. For example,
it has been proposed that the catalytic mechanism for uridine diphosphate glucurono-
syltransferase (UGT) enzyme glucuronidation employs a serine proteaselike catalytic
mechanism in which an Asp-His pair in the active-site deprotonates the hydroxyl on
the substrate, which allows for nucleophilic attack on the sugar donor [71,72]. In an
experiment carried out by Patana et al . [73], when the His37 residue of UGT1A9 was
replaced with an alanine, drug metabolism studies conducted with the mutant enzyme
revealed that His37 was not critical in UGT1A9 N-glucuronidation reactions, but was
in O-glucuronidation reactions. The authors were able to conclude that for UGT1A9
reactions, O-nucleophiles require the active-site histidine residue to deprotonate them
so that they become effective nucleophiles, while N-nucleophiles develop a formal
positive charge during the reaction and thus requires a negatively charged active-site
residue to stabilize the reaction transition state.

As described earlier, unlike most “traditional” enzyme systems, the group of
enzymes that are loosely termed as drug-metabolizing enzymes exhibit considerable
structural and catalytic diversity. For the most part, drug-metabolizing enzymes
are capable of carrying out specific reactions. The multiplicity of various drug-
metabolizing families was recognized more than 30 years ago [74,75]. Because most
drug-metabolizing enzyme systems are actually a collection of isozymes, they have
been broadly classified into families and subfamilies on a genetic basis [76,77]. For
most drug metabolism enzyme families, there is some degree of substrate structural
class preference within families and subfamilies, although some overlap in substrate
recognition is observed [78,79]. However, independent of which isozyme is actually
responsible for a drug metabolism reaction, it should be remembered that enzymes that
make up a particular family, share the same chemical mechanism of catalysis. To this
end, the scope of this chapter avoids any detailed description of any drug-metabolizing
isozymes and will rather focus on the different reactions catalyzed within each family
of drug-metabolizing enzymes and the chemistry involved in phase I (Section 7.2)
and phase II (Section 7.3) reactions.

7.2 PHASE I DRUG METABOLISM REACTIONS

7.2.1 Cytochrome P450

Mammalian cytochrome P450 monooxygenases are heme-containing, membrane-
bound enzymes that catalyze the oxidation and reduction of a variety of xenobiotics



PHASE I DRUG METABOLISM REACTIONS 11

OH

OH

O

O

N NH

NH2 NH2

N N
N

+
N O−

N
N

N

N N

O

O

O

N
H

N
H

N
H

CI CI CI

O

HO HO

OH

OH

N N

P450

P450

P450

P450

Terfenadine Hydroxyterfenadine

DesmethylnaproxenNaproxen

Clozapine Desmethylclozapine Clozapine N-oxide

Carbamazepine epoxideCarbamazepine

Figure 7.7 Examples of P450 metabolism reactions.

and endobiotics (Fig. 7.7) [80]. P450s require a redox partner protein to transfer
electrons from NADPH for catalytic activity. Cytochrome P450 reductase serves as
the redox partner for mammalian P450s; it accepts electrons from NADPH through
its flavin adenine dinucleotide (FAD) moiety and donates electrons to P450 through
its flavin mononucleotide (FMN) moiety [81–83]. Another redox partner protein,
cytochrome b5, may enhance catalytic activity for certain mammalian P450s [84].
P450s frequently involved in human drug metabolism include CYP1A1, CYP1A2,
CYP2B6, CYP2C8, CYP2C9, CYP2C19, CYP2D6, CYP2E1, CYP3A4, and CYP3A5,
which differ in tissue localization and substrate selectivity [85]. P450s are expressed
in many mammalian tissues, with the highest expression in the liver, gastrointestinal,
and respiratory tracts [86]. Major biological roles for the P450s include xenobiotic
metabolism, steroid biosynthesis, vitamin metabolism, eicosanoid metabolism, and
fatty acid oxidation [87].

The P450 catalytic cycle is a multistep process shown in Fig. 7.8 [80,88,89]. The
cycle is initiated by substrate binding to the P450. Substrate binding displaces water
as a heme ligand, changing the spin state of the heme iron, thereby allowing for easier
reduction of the heme for many P450s [90,91]. An electron from NADPH is then intro-
duced to the P450 through transfer via P450 reductase. Binding of molecular oxygen to
the P450 heme is followed by introduction of a second electron to form a nucleophilic
ferric peroxo intermediate [92]. This intermediate may continue through the catalytic
cycle or lose superoxide in a shunt (nonproductive) pathway. Subsequent protonation of
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Figure 7.8 P450 catalytic cycle.

the distal oxygen results in an electrophilic ferric hydroperoxide intermediate [93–95].
The ferric hydroperoxide intermediate may continue through the catalytic cycle or lose
hydrogen peroxide in a shunt pathway if the proximal oxygen is protonated. Protonation
of the distal oxygen results in a species that rapidly undergoes heterolytic cleavage of
the oxygen–oxygen bond to form a reactive iron–oxygen species, compound I [96].
Compound I may then react with substrate to form product or produce water via a
shunt pathway through the introduction of two additional electrons and protons. While
the general catalytic cycle applies to all P450-mediated reactions, specific reaction
mechanisms are dependent on the functional groups present within the substrate.

7.2.1.1 Aliphatic Oxidation. P450s catalyze a variety of biotransformations
(Fig. 7.9); common types of P450-mediated oxidations include hydrocarbon oxidation
[97], olefin oxidation [98], aromatic hydroxylation [99], and heteroatom oxidation
and dealkylation [100]. P450-mediated hydrocarbon oxidation is believed to proceed
through a hydrogen atom abstraction (HAT) mechanism, where a hydrogen atom is
abstracted from the substrate, followed by oxygen rebound to form a hydroxylation
product (Fig. 7.10) [97]. Evidence for a HAT mechanism include a large isotope
effect (typically >10) [101], partial stereochemical scrambling [102], and observed
allylic rearrangement products [103].

Radical clocks have been used to assess the lifetime of radical intermediates and the
rate of the oxygen rebound step [104]. Cyclopropyl groups are often used as radical
clocks; radicals formed next to cyclopropyl rings may rearrange to homoallyic radicals
that produce ring-opened products if the rate of rearrangement is faster than oxygen
rebound or produce cyclopropyl carbinyl products if radical recombination is faster than
rearrangement (Fig. 7.11). Adding ring strain to the cyclopropyl group increases the
speed of rearrangement [105]. On the basis of experiments using radical clocks, rates
for radical recombination during the oxygen rebound step of P450-mediated catalysis
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vary from 1 × 1010 s−1 to those exceeding the theoretical rate constant of 2 × 1012 s−1

for highly strained radical clocks [106]. While higher ratios of rearranged products
to carbonyl-derived products were expected from experiments using highly strained
radical clocks, product formation ratios indicated that the rate of radical recombination
generally increased in a compensatory fashion with radical rearrangement [107]. This
finding suggests that P450-mediated hydrocarbon oxidation may proceed by a more
complex mechanism than a simple radical recombination. Results observed from the
radical clock experiments may be explained by a two-state reactivity model, with a low
spin pathway that resembles concerted oxygen insertion and a high spin pathway that
resembles radical recombination [108]. The influence of both substrate and enzyme
environment influences which pathway predominates.

7.2.1.2 Olefin Oxidation. Olefins undergo oxidation by P450s to form epoxides,
which may hydrolyze to form a diol product (Fig. 7.12). The olefin epoxidation mech-
anism may proceed through either a concerted or a nonconcerted mechanism. The
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retention of stereochemistry on P450-mediated epoxidation suggests a concerted mech-
anism [109]. However, two pieces of evidence argue against a concerted mechanism.
P450-mediated reactions with olefins form heme adducts in addition to epoxide prod-
ucts [110]. Direct addition of epoxides to the P450 did not alkylate the P450 prosthetic
heme, suggesting that heme alkylation occurs before epoxidation [111]. Some olefins,
such as trichloroethylene, form carbonyl compounds as a result of P450-mediated
epoxidation [112]. The epoxides produced from these reactions do not form car-
bonyl products, suggesting that more than one oxidation pathway is needed to account
for product formation. As with hydrocarbon oxidation, the observed results may be
described using a two-state model, where closure of the epoxide ring in the low spin
state proceeds with a small energy barrier such that the reaction is nearly concerted,
while closure of the epoxide in the high spin state occurs with a larger energy barrier
that allows for other mechanisms to compete with epoxidation [113].

Oxidation of acetylenes is believed to proceed through an oxirane intermediate
(Fig. 7.13), which rearranges through shift of a terminal hydrogen to a ketene inter-
mediate [114]. Evidence for this mechanism comes from the observed isotope effect,
which suggests that deuterium migration occurs in the rate-limiting step as oxygen is
transferred to the acetylene [115].

7.2.1.3 Aromatic Oxidation. Hydroxylation of aromatic rings proceeds through an
arene oxide intermediate (Fig. 7.14) [99]. Formation of the arene oxide intermediate is
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Figure 7.14 Proposed mechanism of P450-mediated aromatic oxidation.

followed by hydrogen migration in a process called an NIH shift [116]. Alkyl or halogen
groups may also migrate, depending on the substrate [117]. The phenol product results
from tautomerization. Evidence to support this mechanism includes partial retention
of the shifted hydrogen and a small inverse secondary isotope effect for the reaction
[118]. Since the NIH shift is not the rate-limiting step, the reaction is not sensitive
to primary isotope effects. Hydroxylation of phenyl rings with adjacent cyclopropyl
groups proceeds without ring opening, suggesting that a discrete radical mechanism is
not favored for arene oxidation [119].

7.2.1.4 Heteroatom Dealkylation and Oxidation.
7.2.1.4.1 N-Dealkylation. Tertiary amines are metabolized predominantly through
dealkylation, which can occur through various peroxidases, but the most common
pathway for dealkylation is by the cytochrome P450 superfamily (Fig. 7.7). As such,
a significant effort has been put forth to understand the mechanism of cytochrome
P450 N-dealkylation reactions. The two predominant mechanisms in the literature are
illustrated in Fig. 7.15. Mechanism A is that of single-electron transfer (SET) and
mechanism B is that of HAT. For SET, the initial step is envisioned to occur by elec-
tron transfer from the amine nitrogen to the high valent iron oxene species forming
a cation radical intermediate, which is then capable of catalyzing deprotonation of
the ammonium radical followed by oxygen rebound to form the hydroxylamine [120].
Decomposition of the carbinolamine intermediate yields the N-dealkylated product.
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Alternatively, for HAT, a hydrogen atom is abstracted directly from the α-carbon fol-
lowed directly by radical recombination to form the α-hydroxylamine. Differentiating
between the two mechanisms has been explored extensively.

Kinetic isotope effects have been employed to differentiate between the two
mechanisms. Initial interrogation of P450 N-dealkylation with selectively deuterated
analogs such para-substituted N,N-dimethylanalines produces small kinetic isotope
effects (kH/kD < 4). In contrast, alternate enzyme systems such as horseradish
peroxidase (HRP) where SET is considered the mechanism of oxidation result in
isotope effects that approximate the theoretical maximum. By comparison, HAT is
the accepted mechanism for alkane hydroxylation which produces maximal kinetic
deuterium isotope effect values (kH/kD > 7). The small isotope effects observed
with N,N-dimethylaniline are consistent with hemeprotein catalyzed demethylation
reactions that involve a deprotonation step [120]. However, small isotope effects
have been demonstrated for demethylation of trimethylamine by tert-butoxy radical
[121]. Dinnocenzo et al . [122] also observed a small isotope effect for hydrogen atom
abstraction from N,N-dimethylaniline by tert-butoxy radical. The smaller observed
isotope effects have been rationalized by the proposed weakening of the α-C–H bonds
present in amines which facilitate a relatively early transition state. Nonsymmetrical
transition states as described by the Westheimer kinetic postulate would produce an
isotope effect below the theoretical maximum (Fig. 7.16). These contradicting results
indicate isotope effect data alone may not be sufficient to distinguish the mechanism
of P450 N-demethylation [123].

Synthetic heme mimetics and chemically designed metabolic probes have been
employed to examine HAT (tert-butoxy radical) and SET (cation radical deproto-
nation) mechanisms in comparison to metabolites obtained directly from NADPH-
supported P450 reactions. The combination of isotope effects with substituent effects
has been used to generate isotope effect profiles for exploring reaction mechanisms. The
increased number of compounds allows for trends to be explored in the resultant data to
provide increased confidence in interpretation of reaction mechanism across different
reaction systems. For example, P450 reactions revealed most similarity to tert-butoxy
radical model supporting HAT as the mechanism for N-dealkylation (Fig. 7.17). The
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concordance between tert-butoxy radical and P450-supported reactions further support
HAT mechanism for P450 reactions.

Chemical probes have been designed and synthesized to interrogate the mechanism
of N-dealkylation. As described earlier in this section, radical clocks can differentiate
oxidative mechanisms based on product ratios. A series of N-cyclopropyl anilines have
been designed to evaluate different product ratios as a tool to rationalize HAT versus
SET [105,124–126]. In principal, the rapid ring opening associated with N-cyclopropyl
ring of the nitrogen cation radical would favor the N-decyclopropylation. However,
the major pathway favored N-demethylation in support of HAT as the mechanism for
oxidation (Fig. 7.18) [124]. Alternatively, Atkinson et al . [105] utilized a similar probe
but in contrast yielded results supportive of the SET mechanism.
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N-Oxides or N-hydroxyl products can also be catalyzed by P450s. The reaction is
generally thought to proceed through the formation of a radical cation. The mecha-
nism of partitioning between N-oxide and N-dealkylation remains unclear. Instability
and potential for reduction of N-oxide may limit the extent of P450 N -oxide for-
mation. The ability for N-oxides to back donate the oxygen to P450 was exploited
in the form of synthesis of various deuterated N-oxide probes in order to specifi-
cally investigate the potential for high valent iron oxene to catalyze N-dealkylation
reactions [127]. Specifically, the N-oxides for a series of para-substituted 13C2H2-
labeled N,N-dimethylanilines were synthesized with the intent to function as both
substrates and surrogate oxygen atom donors. This particular substrate probe isolates
the high valent iron oxene in the P450 catalytic cycle on reduction of the N-oxide to
the iron–porphyrin complex. Coupled with deuterium isotope effect profiles obtained
using the N-oxide system were found to closely match the profiles produced using
NAD(P)H/NAD(P)-P450 reductase/O2 system.

7.2.1.4.2 O-Dealkylation. Oxidative O-dealkylation represents significant phase I
oxidation pathway. O-Dealkylation reactions catalyzed by P450 enzymes have been
studied using primary deuterium and tritium isotope effects to estimate the intrinsic
isotope effect for this reaction using the technique of Northrop [128]. The large intrin-
sic isotope effect (kH/kD > 7) is consistent with a linear transition state on hemiacetal
formation in which little to no bonding exists between the α-carbon and the hydrogen
atom (Fig. 7.16) [128]. These results are consistent with hydrogen abstraction mecha-
nism put forth by Groves and McClusky [97] for aliphatic oxidation. In addition, 18O
experiments illustrate that heavy water is incorporated into the metabolite byproduct
[97]. Evidence for O-dealkylation to proceed through HAT is also provided by Dowers
and Jones [129], wherein they designed and utilized quinoline analogs as evidence for
HAT.

P450-mediated reactions follow the general reactivity pattern of N-dealkylation >

benzylic hydroxylation > O-dealkylation > aliphatic hydroxylation >ω-hydroxylation
[130]. These results correlate well with quantum mechanics-based AM1 calculations
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of the stability and ionization potential of the radical resulting from HAT. These efforts
have been extended to include aromatic oxidations through parameterization of the HAT
and aromatic oxidation pathways based on experimentally determined regioselectivity
data [131].

7.2.2 Flavin Monooxygenase

Mammalian flavin-containing monooxygenases (FMOs) are able to metabolize a variety
of structurally diverse xenobiotics [132]. The structural requirements for FMO oxida-
tion reactions (Fig. 7.19) are relatively straightforward as the substrate requires a soft
nucleophile, usually a nitrogen or sulfur heteroatom but in rare cases may also include
carbon, phosphorus, or selenium [133–138]. Interestingly, while nucleophilicity is the
principal driver for FMO oxidations, structure–activity studies suggest that size and
charge of potential substrates are important factors that mediate access to the enzyme’s
active site [139,140]. As a consequence, the mechanism of FMO oxidation reactions
are all similar and observed differences in the substrate specificities across the family
of enzymes are all nearly due to differences in the active-site topography and access to
the oxygenating species [141,142]. The influence of active-site topography on substrate
oxidation is particularly evident in terms of the stereoselectivity observed with many

FMO
FMO

FMO

(a)

(b)

FMO

OH

HOHO

HO HO

O

O

O
S S

F F

O

R

NN N

N

N
N

N

N
N

O−

N

F

FF

F
F F

S
R'

O O

H

S
R R'

Sulindac sulfide Sulindac sulfoxide

Voriconazole Voriconazole N-oxide

Figure 7.19 (a) Generic mechanism of FMO oxidation reaction. (b) Examples of FMO
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FMO oxidation reactions [143,144]. In the 1980s, Walsh and coworkers examined the
stereochemistry of sulfoxidation of ethyl p-tolyl sulfide by hepatic microsomal FMO
and found that the enzyme-catalyzed formation of the (R)-enantiomer of ethyl p-tolyl
sulfoxide in great enantiomeric excess [145,146]. In this fashion, topography of the
enzyme’s active site not the substrate dictates the final chirality of the product as the
enantiotopic electron pairs on the sulfur atom of an asymmetrically substituted sulfide
are equivalent. Restated, chemical reactions that utilize peroxides or peracids as oxi-
dants in solution proceed with no stereochemical preference and thus generate racemic
sulfoxides [147]. However, in the chiral environment of the enzyme’s active site, the
electron pairs are not equivalent and stereoselective sulfoxidation can, and often times
does, occur.

As with many biological oxidation reactions, the catalytic cycle for FMO enzymes
is complex and involves several steps (Fig. 7.20). The underlying catalytic feature
of this class of enzyme is their ability to stabilize a flavin-hydroperoxide intermediate
[148,149]. Unlike the cytochromes P450 [150], the FMO peroxy intermediate has been
found to be stable for minutes to hours at 4◦C and can be observed spectrally [151].
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In the first step of the FMO catalytic cycle, FAD undergoes two-electron reduction by
NADPH [152,153]. Chemistry of NADPH requires that reduction of the flavin cofactor
is facilitated through a hydride transfer from the C4 atom of the nicotinamide ring to
the flavin N5 atom (Fig. 7.20a) [154,155]. The reduced flavin reacts rapidly with
molecular oxygen to form the stable peroxyflavin intermediate that is able to wait for
a suitable nucleophile with which to react [156,157]. Stabilization of the intermediate
requires the presence of NADP+ [158], which remains tightly bound to the enzyme
throughout the catalytic cycle [159]. It has been proposed through computer simulation
of FMO active that NADP+ is able to shield the enzyme’s active site (Fig. 7.20b),
and thus provide proper H-bonding environment, which in turn promotes a prolonged
half-life to the peroxyflavin intermediate [160]. The binding of oxygen is followed
by the nucleophilic attack by the substrate on the peroxyflavin, which results in one
atom of molecular oxygen being transferred to the substrate (Fig. 7.20c). Following
metabolite release, the resulting flavin hydroxy psuedobase is converted to FAD via the
loss of water (Fig. 7.20d). It should be noted that the release of water and subsequent
regeneration of FAD is a rate-limiting step in the FMO cycle [141]; thus, unlike the
cytochrome P450 cycle [161], substrate binding has little influence on the rate of
catalysis. The final step in the FMO catalytic cycle is the release of NADP+, which
regenerates the FMO FAD moiety (Fig. 7.20e).

7.2.3 Aldehyde Oxidase

Aldehyde oxidase (AO) and xanthine oxidase (XO) are cytosolic members of the
molybdenum hydrolase family. Both enzymes are capable of oxidizing aldehydes and
nitrogen-containing aromatic compounds. While the scope of AO/XO involvement in
xenobiotics remains somewhat limited relative to P450s, their role in the clearance
of new drugs is likely to see an increase based on several factors [162,163]. The
desire to reduce P450 clearance leads to increase number of heteroaromatic rings, a
primary pharmacophore feature of AO/XO substrates. The awareness of AO/XO in
drug metabolism has increased the availability of recombinant enzymes and selective
chemical inhibitors for characterization of AO/XO metabolism. For example, planar
nitrogen-containing heteroaromatic systems serve as the primary pharmacophore asso-
ciated with competitive inhibitors of ATP-binding site for kinases that may coincide
with AO/XO contributing to the clearance of these xenobiotics [164].

In accord with attempts to reduce P450 metabolism, the addition of nitrogens into
aromatic ring systems is often attempted. The added nitrogens decrease the electron
density of the carbon atoms in the heterocycle and tend to reduce P450 metabolism
[127]. However, the reduced electron density of the carbon atoms in the heterocy-
cle increases the potential for nucleophilic oxidation by AO/XO [165]. Both XO and
AO enzymes contain molybdenum pyranopterin cofactors (MoCo) that facilitate nucle-
ophilic oxidation of electron deficient substrates [166]. Most commonly, the oxidation
occurs adjacent to the nitrogen in a heterocycle. The active sites are speculated to
have similar structure capable of oxidizing a variety of dissimilar structures possessing
significant overlap of substrates between AO/XO [165]. Catalysis involves cleavage of
C–H bond and the oxygen incorporated into product arises from water and the byprod-
uct of the oxidative step are superoxide and hydrogen peroxide [167]. A depiction of the
catalytic mechanism for AO/XO metabolism is shown in Fig. 7.21. The oxidation has
been demonstrated to occur through the formation of a tetrahedral transition state [168].
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Figure 7.21 Proposed mechanism for AOX-mediated metabolism.

Several substrates and inhibitors exist for AO/XO, which can be helpful in distin-
guishing the enzymes involved in metabolism. XO is specific for the conversion of
1-methylxanthine to 1-methyluric acid, which are secondary metabolites of caffeine
[169] (Fig. 7.22). Allopurinol is metabolized by XO to oxypurinol, which forms an
inhibitory complex with the reduced form of the enzyme (Fig. 7.22) [170]. On reoxida-
tion, the inhibition of oxypurinol is diminished [171]. FYX-051 also forms a tetrahedral
complex and functions as structure-based inhibitor of XO [172]. In contrast, febuxo-
stat does not complex to the molybdenum center but blocks substrate access directly
[173,174]. Several compounds including hydralazine, chlorpromazine, and isovanillin
were identified as reasonably selective inhibitors of AO after screening a panel of 239
drugs for AO inhibition [162].

AO/XO have also been exploited for the purpose of converting prodrugs to active
drug species in order to overcome ADME-related issues. For example, 5-fluorouracil (5-
FU) is a generic antineoplastic, which is rapidly metabolized in the gastrointestinal tract
limiting the bioavailability of 5-FU [175]. In order to overcome this obstacle, a prodrug
form, 5-fluoro-pyrimidinone, was employed, whereby the keto group is introduced by
hepatic AO after absorption [176]. Another example is that of the antiviral penciclovir,
which displays poor oral absorption [177]. The diacetyl 6-deoxy prodrug derivative of
penciclovir, famciclovir, displays improved absorption and systemic availability [178].

Predictions of AO metabolism have been studied using density functional theory to
qualitatively determine the site(s) of oxidation based on the analysis of the energetics
of the proposed tetrahedral intermediate with the oxidized carbon [165]. In general,
it has been suggested the AO metabolism will occur at the most electropositive car-
bon in a molecule with some influence on regioselectivity determined by steric bulk
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Figure 7.22 Example reactions catalyzed by AOX.

[179]. Additional factors must play a role in metabolite regioselectivity as illustrated by
the fact that the most electropositive carbon is not always the site of metabolism. The
DFT calculations from Torress et al . suggest that oxidation of substrates by AO appears
reliant on the electronic effects of the substituents. The use of 6-substituted quinazoli-
nones demonstrate the electronic effects and increase in reaction rates with increased
electron-withdrawing groups at the 6-position [180,181]. The calculated results provide
a rank ordering of potential products by evaluating the individual tetrahedral interme-
diates precluding metabolite formation. For the compounds examined, >90% of AO
metabolites were correctly predicted. The calculations were also able to differentiate the
metabolites generated by XO compared to AO for a series of closely related molecules.

7.2.4 Monoamine Oxidase

Mammalian monoamine oxidases (MAOs) are flavin-containing enzymes that catalyze
the oxidation of amines to aldehydes (Fig. 7.23) [182,183]. Two isozymes are known,
MAO-A and MAO-B, which differ in substrate and inhibitor selectivity [184]. MAOs
are expressed in many mammalian tissues, with high expression in both the liver and
placenta [185]. MAOs are also present in the brain; they are believed to have an
important biological function for the inactivation of neurotransmitters [186].

The requirements for MAO oxidation are a basic nitrogen and an adjacent carbon
with two α-hydrogens (Fig. 7.24). The substrate-binding region is a flat cavity lined
with hydrophobic residues [187]. Structure–activity relationships (SARs) suggest that
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Figure 7.23 Example of MAO metabolism reactions with dopamine.
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the size and shape of potential substrates determine access to the enzyme’s active site
[188]. The mechanisms of MAO-catalyzed reactions are generally similar; therefore,
differences in observed kinetics are due to specific interactions between the enzyme and
the substrate [189]. The influence of active-site topography is particularly important
due to the stereochemical requirements for MAO oxidation. In the 1980s, Yu and
coworkers found that the pro-(R)-hydrogen of MAO substrates was lost exclusively
based on the reactivity of stereoselectively deuterated dopamine analogs [190,191].
In this sense, the active site dictates reaction stereochemistry. However, the aldehyde
moiety resulting from substrate oxidation is not chiral, such that MAOs do not produce
an inherently chiral product.

MAO-mediated oxidation has been proposed to proceed by three mechanisms: SET
[192], HAT [193], and a polar/covalent mechanism (Fig. 7.25) [194]. The SET mecha-
nism begins with transfer of an electron from the substrate nitrogen, forming an aminyl
radical cation and a flavone semiquinone radical. Loss of an α-hydrogen creates a
carbon-centered radical, which can then transfer an electron to form an imminium ion
and a flavone semiquinone. On the basis of the results of SAR studies, the reactive
carbon is positioned in front of the N5-C4a locus, with its α-hydrogens located ∼3.6 Å
from the flavin N5. The imminium ion is released from the active site and undergoes
hydrolysis to form the aldehyde product. The HAT mechanism proceeds through a
similar pathway, but begins with direct loss of an α-hydrogen. In the polar/covalent
mechanism, the substrate forms a covalent bond with FAD (Fig. 7.26). Cleavage of
the bond results in formation of an imminium ion and FADH2.
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MAO-A and MAO-B differ in both inhibitor and substrate selectivity. Substrates
for MAO-A include 5-hydroxytryptamine and epinephrine; clorgyline is a selective
inhibitor of MAO-A [195]. Substrates for MAO-B include benzyl amine and
β-phenylethylamine; deprenyl is a selective inhibitor of MAO-B [196]. Differences
in substrate selectivity may partially be explained by a smaller entrance cavity for
MAO-B, although results from site-directed mutagenesis studies suggest that the
Tyr326Ile MAO-B mutation conferred MAO-A activity and the Ile335Tyr MAO-A
mutation conferred MAO-B activity [197].

7.2.5 Carboxylesterase

Carboxylesterases (CEs) metabolize and eliminate endogenous and xenobiotic esters. In
humans, the highest hydrolase activity is found in the liver [198–200]. The mechanism
for catalysis is similar to that of other α/β hydrolases that employ an active-site serine,
histidine, and acidic (glutamic or aspartic acid) residue that are spatially oriented to
form a catalytic triad (Fig. 7.27) [198,201–204]. The general mechanism occurs in
two steps: first, the serine hydroxyl forms an acyl intermediate with the substrate. The
acyl intermediate is then hydrolyzed to form a product. Like other drug-metabolizing
enzymes, CEs display broad substrate specificity mediating the hydrolysis of esters,
amides, and thioester substrates (Fig. 7.28) [205,206]. CEs have also demonstrated the
ability to transesterify compounds such as cocaine, methylphenidate, and meperidine
[207,208]. The inhibition of CEs has attracted attention as a mechanism of therapeu-
tic intervention or modulation of coadministered prodrugs [209–211]. Furthermore,
inhibition of CE is a primary off-target concern for therapeutics aimed toward inhibit-
ing other esterase and hydrolase enzymes [212]. Differences in catalytic efficiencies
have been observed when comparing human CE to CE found in preclinical species
[199,213]. The mechanistic understanding of CE in drug metabolism has been estab-
lished through a variety of techniques including ligand-based SAR, crystallography,
and site-directed mutagenesis studies.

The strategically positioned amino acids for hydrolysis combined with the observed
substrate promiscuity presents a unique dichotomy. One explanation is that CE displays
significant induced fit of protein that is predicated on the proper spatial orientation of
the substrate [214]. On substrate induced fit, the conformation of the catalytic triad
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Figure 7.27 The catalytic triad binding methylphenidate to form tetrahedral transition state
complex.

is postulated to form a strong hydrogen bond also known as a low barrier hydrogen
bond between the catalytic His and acidic residue to yield an increased reactivity of
His as a general base [215–217]. As might be expected, subtle changes in chem-
ical structure of substrates and inhibitors can have a profound impact CE activity.
For example, a series of cypermethrin analogs were examined to understand the role
of stereochemistry on CE catalysis. Huang et al . [218] demonstrated a >20-fold dif-
ference in specific activity between cis- and trans-cypermethrin analogs. CE is the
major first-pass enzymatic pathway for methylphenidate with higher activity toward the
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Figure 7.28 (a) Hydrolysis of cocaine ester, (b) hydrolysis of CPT-11 to bioactive SN-38, and
(c) amide hydrolysis of isocarboxazid.

l-isomer compared to the d-isomer [219]. The stereochemistry leads to a subtle change
in orientation of enzyme–substrate complex leading to profound changes in catalytic
efficiency. This may be expected for CE based on the specific distance requirements
for all three residues to act in concert with one another. The activity of the potent anti-
cancer drug CPT-11 requires activation by hCE (Fig. 7.28). CPT-11 is the carbamate
prodrug of the active SN-38 hCE-derived metabolite [206,220]. The conversion, how-
ever, is relatively inefficient where typically <5% of CPT-11 is converted to SN-38
[221]. Additional characterization of CE active site has been established with various
competitive inhibitors. Trifluoromethyl ketones (TFKs) represent a class of compounds
that display some of the most potent inhibitors of CE [222]. In general, the potency
of TFK analogs is attributed to the enhanced electrophilicity of carbonyl carbon as a
result of the electron-withdrawing nature of the CF3 moiety (Fig. 7.29). In addition,
TFK inhibitors also bind in the favored conformation of the transition state as a tetra-
hedral intermediate and thus are termed transition state analog inhibitors . Wheelock
et al . [222] nicely demonstrated that TFK analogs were more amenable to mimicking
the transition state through the formation of the gem diol (sp3 hybridized conforma-
tion; tetrahedral intermediate common to CE transition state), which lead to improved
inhibitory potencies (Fig. 7.29). Other inhibitors include organophosphorus compounds,
which also exploit the nucleophilic behavior of the catalytic serine to form an irre-
versible covalent acyl enzyme intermediate with compounds such as soman and tabin
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Figure 7.29 General structure of TFK inhibitor analogs where trifluoro substitution increase
electrophilicity of carbonyl carbon favoring gem diol formation.

[223,224]. Interestingly, hCE does not seem to readily form the irreversible complex
formed in rCE.

Site-directed mutagenesis of hCE identified key portions of the protein for substrate
and metabolite entrance and exit channels from the active site [225,226]. Rational
enzyme design was accomplished with site-directed mutagenesis studies in combination
with crystal structure data to develop an hCE mutant with CPT-11 activity similar to
that achievable with rCE. Modification of eight amino acids demonstrated improved
CPT-11 hydrolysis, which was proposed to occur via an increased flexibility of the
active-site cavity necessary to bind CPT-11.

The crystal structure of hCE in complex with the potent inhibitor benzil (45 nM)
demonstrated the formation of covalent product [227]. Crystallization with modest
inhibitor tamoxifen revealed binding at the z-site of the protein where in this may
partially explain the partial inhibition properties of tamoxifen and provide evidence
that the z-site may serve as an access channel for different substrates [227].

7.2.6 Epoxide Hydrolase

Mammalian epoxide hydrolases (EHs) catalyze the conversion of three-membered
cyclic ethers, called epoxides , to diols (Fig. 7.30) [228]. EHs are expressed in many
mammalian tissues with the highest concentrations found in the liver [229,230]. Sev-
eral EHs are present in mammals; however, microsomal epoxide hydrolase (mEH) and
soluble epoxide hydrolase (sEH) have been the focus of research efforts [231]. They
differ in both subcellular localization and substrate specificity. mEH is found within
the endoplasmic reticulum and metabolizes xenobiotic-derived epoxides [232]. sEH
is found in the cytosol and metabolizes endogenous fatty acid epoxides [233]. The
biological role of mEH is the detoxification of xenobiotics [234], while sEH appears
to play a role in the hyperpolarization of vascular smooth muscle by controlling the
levels of vasodiliatory epoxyeicosatrienoic acids [235,236].
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OH HOEH
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OH

Linoleic acid epoxide Linoleic acid diol

Figure 7.30 Example of EH metabolism reaction with linoleic acid epoxide.
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Metabolism by EH requires the presence of an epoxide. The mechanisms of EH-
mediated hydrolyses are similar; therefore, differences in observed kinetics are gener-
ally due to specific interactions between the enzyme and a potential substrate. SARs
suggest that both the size and shape of a substrate are key factors in mediating
access to the EH active site [237]. The active site of sEH contains a 25-Å long,
L-shaped hydrophobic domain at the C-terminus where substrates bind for catalysis
[231]. The influence of active-site topography on epoxide hydrolysis is particularly
evident with regard to the stereoselectivity observed with many EH reactions. In the
1990s, Zeldin and coworkers [238] examined the stereochemistry of the conversion
of cis-epoxyeicosatrienoic acids to diols by hepatic sEH and found that incubations
containing the 8,9- or 14,15-epoxides formed diols stereoselectively, while incubations
containing the 11,12-epoxide were not stereoselective. In this fashion, both the topog-
raphy of the EH active site and the shape and orientation of the substrate within the
EH active site influence the final stereochemistry of the product.

The catalytic cycle for EH is complex and involves several steps (Fig. 7.31). An
underlying feature of this enzyme class is a catalytic triad containing a nucleophilic
acid (usually Asp), an orienting acid (Asp or Glu), and a basic histidine [228]. In the
first step of catalysis, polarization of the epoxide moiety by tyrosines located on the
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top of the EH active site occurs concurrently with nucleophilic attack on an epoxide
carbon by an acidic residue located on the opposite side of the active site [239]. This
attack occurs preferentially at the least sterically hindered or most reactive carbon
of the epoxide. Attack by the nucleophilic acid is aided and directed by a nearby
histidine-orienting acid pair [240]. Ring opening of the epoxide results in formation
of a covalent ester bond between the attacking acid and a carbon from the epoxide.
This intermediate has been termed the hydroxyl alkyl-enzyme intermediate [228]. A
water molecule, activated by the histidine-orienting acid pair, reacts with the hydroxyl
alkyl-enzyme intermediate to release the enzyme and a diol as products.

Evidence for the mechanism of catalysis and the presence of a hydroxyl alkyl-
enzyme intermediate comes from three sources. In a single turnover experiment using
1,10-phenanthrene-5,6-oxide as substrate, transfer of 18O from hepatic mEH to the sub-
strate was best explained through formation of a hydroxyl alkyl-enzyme intermediate
[241]. Inhibition kinetics of EH-mediated reactions were well described using mod-
els based on formation of a covalent enzyme-inhibitor intermediate, whose half-life
is inversely proportional to inhibition potency [242]. Additionally, a covalent adduct
of hepatic mEH and [1-14C]epoxystearic acid was detected after denaturing SDS gel
electrophoresis [243]. Formation of the adduct was inhibited in the presence of 1,1,1-
trichloropropylene oxide, an inhibitor of mEH.

7.2.7 Ketoreductase

The aldo-keto reductases (AKRs) comprise a superfamily of monomeric (monomer
molecular weight = 34–37 kDa), NADPH-dependent oxidoreductases with similar
physical and chemical properties [244]. Much more is known about the physiological
roles of carbonyl-reducing enzymes (e.g., steroid and prostaglandin metabolism,
housekeeping, and stress response) than their roles in drug metabolism [245]. With
respect to drug metabolism, typically the AKR enzymes catalyze the reduction of
aldehydes and ketones to the corresponding alcohol products (Fig. 7.32) and the
subsequent products often times undergo further conjugation and elimination [246].
For example, AKRs play an important role in the metabolism of the therapeutic
agent such as haloperidol, ketotifen, and oracin [247–249]. In humans, an important
pathway of warfarin metabolism is reduction of the ketone to a secondary alcohol
[250]. This reaction is catalyzed by cytosolic ketone reductases and is stereospecific,
producing only the (S)-enantiomer of warfarin enantiomers [251].

A nomenclature system to group AKRs has been adopted and currently 14 subfam-
ilies have been identified [252]. However, only four AKR subfamilies, namely, 1A,
1B, 1 C, and 7A, have documented roles in xenobiotic carbonyl metabolism [253].
To date, over 15 crystal structures of AKRs complexed with their ligands have been
determined [254]. In each instance, the AKR structure reveal a (α/β)8-folding pattern
(triose isomerase or TIM barrel fold), where the central β-strands form the staves of
a barrel, with large loops at the back that form the ligand-binding site [255]. The
cofactor-binding site and the active site are highly conserved across the superfamily.
The active site (Fig. 7.33) contains a conserved catalytic tetrad (Tyr, Asp, Lys, and
His), which forms an oxyanion-binding site with the nicotinamide ring of the cofactor
via a hydrogen bonding network [256–258]. In contrast, strong variation exists in the
structure of the substrate-binding cavity, which is largely defined by the residues from
the loops [259]. The reaction mechanism for this class of enzymes has been studied in
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Figure 7.32 (a) Generic mechanism of ketone reduction. (b) Examples of AKR metabolism
reactions with haloperidol and warfarin.

detail, revealing an ordered bi-bi mechanism [260], where the cofactor binds first and
leaves last [261]. Interestingly, while the catalyzed reaction favors alcohol formation,
it is possible for the reverse reaction to occurs, albeit to a limited extent.
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Figure 7.33 Proposed AKR active-site hydrogen bonding network to form the
oxyanion-binding site with the nicotinamide ring in ketone reduction reaction.
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A common feature of the carbonyl-reducing enzymes is their proposed two-electron
reduction mechanism involving hydride transfer from the cofactor to the carbonyl car-
bon, which is facilitated by general acid [262]. In this fashion, unsymmetrical ketones
generate chiral centers on reduction to alcohols. As a consequence, for many substrates,
the stereoselectivity of carbonyl reductase-catalyzed ketone reduction is dependent on
the steric situation of substrates and may be predicted with “Prelog’s rule” [263].
Prelog’s rule describes the reduction of ketone to yield optically active secondary
alcohols. In this instance, the chirality of an alcohol arising from nucleophilic addition
to a ketone depends on which prochiral face accepts the nucleophile and the sequence
priority of the nucleophile relative to other substituents of the carbonyl function [264].
In hydride transfer reactions, the hydride nucleophile will always be the lowest prior-
ity group; thus, the reface addition of the hydride to a ketone will always generate an
S-configuration alcohol [265].

7.3 PHASE II DRUG METABOLISM REACTIONS

7.3.1 Glucuronosyltransferase

The UGT family of enzymes catalyzes the conjugation of a glucuronic acid moiety from
uridine diphosphoglucuronic acid (UDPGA) to a broad range of substrate molecules
(Fig. 7.34) [266,267]. The glucuronidated compounds are more hydrophilic than their
aglycone counterparts and thus more readily excreted from the body. Any functional
group with sufficient nucleophilicity can be an acceptor for the glucuronic acid trans-
fer, with the most common functional groups including phenols, aliphatic alcohols,
carboxylic acids, amines, thiols, and nucleophilic carbon atoms [51]. Common sub-
strates include endogenous compounds such as bilirubin, estrogens, and fatty acids as
well as numerous xenobiotics.
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Figure 7.34 Example of UGT metabolism reaction with estradiol.
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It is now generally accepted that UGT-catalyzed glucuronidation proceeds via an
acid–base mechanism similar to that exhibited by serine hydrolases [268,269]. A con-
served histidine residue serves as a catalytic base to deprotonate a nucleophilic site
on the aglycone molecule, which then results in a nucleophilic substitution at the C1
atom of the glucuronic acid moiety. Consequently, the protonated histidine residue is
stabilized through an interaction with a proximal aspartic acid residue that is also con-
served across human UGTs (Fig. 7.35). The nucleophilic attack on the C1 carbon occurs
through an SN2 reaction mechanism with stereoinversion from the α-configuration at
the C1 carbon of the glucuronic acid moiety in UDPGA to the β-configuration in the
resulting glucuronide [270]. The reaction mechanism is supported by data showing a
correlation between reaction rates and nucleophilicity for a series of phenol-containing
compounds [271]. The order in which the aglycone and UDPGA bind during the
UGT-catalyzed SN2 reaction remains ambiguous and may be isoform dependent, with
proposed mechanisms including a compulsory-ordered bi-bi mechanism, a random-
ordered bi-bi mechanism, or a Theorell–Chance reaction mechanism [271–278].

A unique scenario exists following a nucleophilic attack on the C1 carbon by a
carboxylic acid moiety. The resulting acyl glucuronides are more reactive than ether-
linked glucuronides and present the possibility for additional reaction steps, where the
aglycone migrates via intramolecular transesterification from the C1-hydroxyl group
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of the glucuronic acid moiety to the C2-, C3-, or C4-hydroxyl groups [279,280]. All
the steps in the migration are reversible, except for the first migration step from the
C1 to the C2 position. On migration, acyl glucuronides can covalently adduct proteins
and other macromolecules through one of two mechanisms. First, a direct nucleophilic
attack on the glucuronic acid moiety by an amino acid residue results in binding
of the aglycone to protein though a carbonyl linkage and liberation of D-glucuronic
acid [281–285]. The second proposed mechanism for the irreversible binding of acyl
glucuronides to protein involves the interaction of a protein nucleophile, such as an
internal lysine residue or the N-terminus of a protein, and the free aldehyde of the
open-chain glucuronic acid moiety to form an imine bond between the two functional
groups. The initial interaction is reversible; however, it can subsequently be followed
by an irreversible imine reduction or Amadori rearrangement, which occurs when the
aglycone moiety has migrated to the C3 or C4 position, and is converted to the more
stable 1-amino-2-keto product [286,287].

In addition to the observed stereochemistry observed at the C1 carbon of UDPGA
during glucuronidation, the UGT family of enzymes also has also been shown to
exhibit a high degree of stereoselectivity regarding the aglycone acceptor molecules.
A recent study aimed at measuring the eudismic ratios of a series of chiral secondary
alcohols for UGT2B7 and UGT2B17 demonstrated that the UGTs can display a degree
of stereoselectivity that is similar to that generally reserved for highly specific receptor
proteins [288]. Similarly, both isoforms have shown substrate specificities that are
dependent on the configuration (α vs β) of the 17-hydroxyl group of steroids such as
estradiol and testosterone [289,290]. Interestingly, the stereochemistry of the aglycone
had a negligible effect on the affinity of the enzyme–substrate complex and thus may
reflect the importance of substrate orientation in the transfer of the glucuronic acid
moiety. Additional studies have also demonstrated the importance of the orientation of
the glucuronic acid, uridine diphosphate, and aglycone groups in forming the ternary
UGT-UDPGA-aglycone complex [291].

While substrate selectivities vary across the different UGT isoforms, it is generally
accepted that the N-terminal domain plays an important role in substrate recognition
[67,268, 292–302]. It has been suggested that a conserved histidine residue is gener-
ally required for glucuronidation through proton abstraction, while a proline residue is
more likely involved in the glucuronidation of tertiary amines [303]. From the stand-
point of the acceptor molecule, compounds that are hydrophobic in nature and contain
a nucleophilic site generally make good substrates for glucuronidation. More recently,
the effect of chemical substituents within close proximity to the nucleophile on the rate
of glucuronidation has been examined. In general, an aromatic ring adjacent to the
nucleophilic site appears to greatly increase the likelihood of glucuronidation at the
nucleophilic site, possibly through electronic stabilization of the reaction intermediate
or through π-stacking interactions within the active site of the enzyme, which serve to
decrease the entropy of bond formation between the acceptor molecule and UDPGA
[304,305]. It has also been noted that nucleophiles with a more negative partial charge
combined with a higher Fukui function (describing the likelihood of electrophilic or
nucleophilic attack at a given atom) are more prone to glucuronidation [305]. In addi-
tion to the nucleophilicity of the acceptor molecule (aglycone), glucuronidation by
hepatic UGTs is also highly dependent on the hydrophobicity of the aglycone, with an
optimal octanol–water partition coefficient (log P ) of ∼2 having been reported [306].
Finally, steric interactions can also play a role in substrate selectivity as well as overall
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rates of glucuronidation, as has been observed for a series of substituted phenols, where
bulky substituents in the ortho-position to the hydroxyl group generally decreased the
susceptibility of the nucleophile to glucuronidation [307,308].

7.3.2 Glutathione Transferase

Cytosolic and membrane-bound forms of glutathione-S-transferase (GST) are encoded
by two distinct superfamilies [309]. The soluble protein form exists as two polypep-
tide subunits creating dimer with a molecular mass of 50 kDa. GSTs catalyze the
transfer of the endogenous tripeptide, GSH to the electrophilic center of a diverse set
of substrates to form a polar S-glutathionylated reaction product (R-SG). GST subunits
contain a GSH-binding site (G-site) and a hydrophobic substrate site (H-site) (Fig. 7.36)
[310,311]. On proper orientation of substrate and GSH, the reaction proceeds through
the formation of a Meisenheimer complex (Fig. 7.37).

The G-site binds GSH extending the tripeptide in a conformation that points the sul-
fur toward the subunit in which it is bound. Electrostatic interactions with the glycine of
GSH are favorable with the subunit it binds (Kd = 20 μM). The spatial orientation
of GSH in the active site is conserved across soluble forms of GST. However, the
interactions stabilizing the GSH-GST subunit complex are unique to the isoform and
isoform-specific interactions may contribute to differences in conjugate regioselectivity
and catalytic activity of the different enzyme forms [312]. Ultimately, GSH binding at
the G-site lowers the activation energy for the nucleophilic attack by reducing the thiol
pKa of GSH. The thiol pKa of unbound GSH is 9.0 (GSH → GS− in water) compared
to GSH in complex with GST subunit where the pKa is 6.0–7.5 [313–315]. A shift

Figure 7.36 General binding site for GSH (G-site) and electrophilic substrate (H-site).
(See color insert.)
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in pKa of that magnitude requires ∼3 kcal/mol of energy, which is generated through
the binding of GSH at the G-site.

The H-site is composed of the C-terminal domain and displays greater primary
sequence diversity providing the substrate diversity observed across the different
enzyme forms. For example, α-class GSTs show substrate specificity for cumene
hydroperoxide (CuOOH) and 7-chloro-4-nitrobenz-2-oxa-1,3-diazole (NBD-C1), due
to unique structural component proximal to the H-site, there is a short three-residue
β-strand near the C-terminal segment and a longer α-7 helix (due to insertions at
the N-terminus and near to the middle of this helix); domain I is formed from two
separate segments of the sequence. This occurs because an extra helix (α-11) formed
via folding of the C-terminal region of the polypeptide chain is also part of this
domain. This helix covers the substrate bound in the H-site, which is thought to
explain the preference of α-class GSTs for more hydrophobic compounds. In fact,
different GSTs have unique linear free energy plots relative to hydrophobicity in the
form of alkyl chain length (Fig. 7.38) [316].
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Product inhibition and transition state analogs of GST metabolites provide informa-
tion regarding structure function of GST enzymatic activity. Nucleophilic substitution
between GSH and chlorodinitrobenzene leads to formation of Meisenheimer com-
plex (σ-complex) (Fig. 7.37) [317]. The complex presents as a competitive inhibitor
of rat isoform 3-3 with a Ki = 20 μM. The generation of anionic tripeptide analogs of
GSH where the thiol group was replaced with carboxylic acid functional group yielded
competitive inhibitors to GSH [313]. Most notably the substitution of the cysteine
residue for 2-aminomalonyl derivative yielded a Ki of 0.74 μM. Chen et al . [318]
employed the use of GSH in comparison to three GSH analogs in concert with several
4-substituted L-halo-2-nitrobenzenes to investigate the catalytic mechanism of rat liver
GSH transferase (isozyme 4-4). The observed substituent effects were consistent with
a catalytic mechanism where the Meisenheimer complex formation is rate-limiting or
partially rate-limiting step of conjugation (Fig. 7.37). Structural variants of GSH pep-
tides affected the effective pKa of the thiol and altered the orientation of the thiol
toward the nucleophile [318]. The design of novel bivalent inhibitors have been used
to realize the in-solution distance of the two H-sites from different dimerized forms
of GST [319]. Endogenous ligands have also proven useful as tools to study struc-
ture function of GST. S-Nitroso glutathione serves as a carrier for NO and has been
demonstrated to be a competitive reversible inhibitor of GSH with a Ki of 180 μM
[320].

In comparing the structural differences across GST classes, the helix α2 region
displays significant variance and not surprisingly comprises part of the H-site. The helix
α2 region has been established as a flexible region in the protein that influences catalysis
in human GSTP1-1 [321,322]. For instance, S-nitrosoglutathione (GSNO) was shown
to modify Cys47 in a temperature dependant fashion. Below physiological temperature,
GSNO does not readily label the buried Cys residue, but under physiological conditions,
the modification leads to enzyme inactivation. Mobility of the GST has also been
identified and characterized by Atkins et al . [64].

Single-residue substitutions have also revealed significant information regarding
active-site structure activity. Ile104 in GSTP1-1 is a critical residue affecting the bind-
ing at the H-site as demonstrated by unique binding of 6-(7-nitro-2,1,3-benzoxadiazol-
4-ylthio)hexanol in the wild-type and mutant enzyme [323]. The significance of the
histidine residue depicted in the catalytic mechanism of Fig. 7.37 was explored with
hGSTM1a-1a and mutagenesis studies to demonstrate the critical role for His107 in
catalysis [324]. Numerous other mutagenesis studies have highlighted important active-
site residues in G- and H-sites [64,325,326].

7.3.3 Sulfotransferase

The cytosolic sulfotransferases catalyze the conjugation of a sulfate moiety to a nucle-
ophilic acceptor molecule (Fig. 7.39). Sulfotransferases utilize 3′-phosphoadenosine-
5′-phosphosulfate (PAPS) as the universal sulfuryl donor to increase the water solu-
bility and decrease the biological activity of the acceptor substrate, though examples
of bioactivation do exist [327–330]. Known acceptor moieties for sulfotransferase
reactions include phenolic and aliphatic hydroxyl groups as well as N-substituted
hydroxylamines [331]. Unprotonated amines can also undergo sulfation, resulting in
the formation of a sulfamate product [332].
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The proposed reaction mechanism for sulfotransferases involves an SN2 nucle-
ophilic attack on the sulfate moiety of PAPS by the acceptor substrate. As many
of these substrates have pKa values of ∼6.4–9.0 and thus insufficient nucleophilicity
at physiological pH, it has been suggested that a conserved histidine residue acts as a
catalytic base to deprotonate the acceptor molecule [333], while active-site serine and
lysine residues serve to orient PAPS in the sulfotransferase active site (Fig. 7.40)
[334]. The overall basicity of the catalytic histidine residue is increased through
hydrogen bonding with neighboring threonine residues, which serve to distribute the
resulting charge on the histidine. Following the formation of a ternary sulfotransferase-
PAPS-deprotonated acceptor molecule complex, a trigonal bi-pyramidal transition state
intermediate has been proposed [335]. This transition state geometry may be stabilized
by highly conserved serine and lysine residues that interact with the bridging oxy-
gen of the 5′-phosphate group of PAP [333,334,336]. As the lysine residues may
also directly catalyze the cleavage of the sulfate moiety from PAPS, an in-line dis-
placement reaction mechanism has been proposed for sulfation. The ordering of the
sulfation reaction appears to differ between species and sulfotransferase isoforms, as
kinetic studies with rat aryl sulfotransferase suggest either a random bi-bi mechanism
or an ordered Theorell–Chance mechanism [337], while a random bi-bi mechanism has
been proposed for mouse and human SULT1E1 [338] and multiple studies with addi-
tional human sulfotransferases have suggested an ordered bi-bi mechanism in which
PAPS binds before the acceptor molecule [339–341]. Interestingly, studies with bac-
terial sulfotransferases have implicated a random two-site ping-pong bi-bi mechanism,
whereby PAPS and the sulfate acceptor molecule bind randomly and independently of
each other [342].

Sulfotransferase enzymes can exhibit stereoselectivity among chiral substrates, as is
observed with the increased sulfation rate of (R)-4′-hydroxypropranolol as compared
to (S)-4′-hydroxypropranolol [343]. Additional examples include salbutamol, albuterol,
isoprenaline, and various hydroxysteroid analogs [343–349]. While active-site charac-
teristics may play a role in the preferred sulfation of one enantiomer over the other,
steric interactions within the substrate molecule must also be considered. Studies with
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chiral aryl alcohols such as 1-(1-naphthyl)ethanol have suggested that spatial orienta-
tion may either sterically inhibit the interaction of the PAPS sulfate group with the
nucleophilic site on the acceptor molecule or conversely, may orient the nucleophilic
site in too distal a position to allow an SN2 attack to occur on the sulfate group [344].
The resulting conformational rotation needed to overcome the stereoselectivity imposed
by the spatial orientation of the substrate molecule would require a significant amount
of energy and as such does not readily occur (Fig. 7.41).

From the standpoint of the acceptor molecule, substrate specificity appears to be
linked to a number of molecular descriptors, including the size of the acceptor molecule,
local structural features, lipophilicity, and electronic characteristics [350–352]. For
example, both chain length as well as substituent positions (ortho-, meta-, and para-)
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have been shown to play a role in the substrate profiles of SULT1A1 and SULT1A2
[108,353]. Meanwhile, relationships have been developed between the Km for a series
of phenol sulfotransferase ligands and their respective log P values, molar refractivities,
and Hammett constants [350]. Finally, the presence of a formal charge at physiological
pH may also affect the substrate specificity for a given sulfotransferase, as observed
for SULT1A3. Tyramine, which contains a primary amine that is positively charged at
physiological pH, binds to SULT1A3 with an affinity that is 200-fold greater than that
of p-ethylphenol, a structurally similar compound to tyramine that differs in only the
lack of the primary amine [354].

7.3.4 N-Acetyltransferase

Mammalian N-acetyltransferases (NATs) are cytosolic proteins that transfer an acetyl
group from acetyl coenzyme A to xenobiotics (Fig. 7.42) [355]. Two isozymes are
known, NAT1 and NAT2, which differ in tissue localization and substrate selectivity.
NAT1 is found in a variety of tissues including liver, colon, blood, and skeletal muscle
[356]. NAT2 is present mainly in the liver and gut [357]. The biological function of
NATs outside of xenobiotic metabolism is unclear; the only other known role of NATs
is involvement in folate catabolism [358].
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Figure 7.42 Example of NAT metabolism with dapsone.
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The general requirement for NAT conjugation is the presence of an aromatic amine.
The catalytic cycle of NAT conjugation is complex and proceeds through a ping-pong
bi-bi mechanism [355]. The reaction is initiated through acetylation of an active-site
cysteine by acetyl-CoA (Fig. 7.43). Activation of the active-site cysteine is aided by
adjacent histidine and acidic residues [359,360]. The positioning of the C-terminal
region of human NATs may also facilitate interactions with acetyl-CoA, as a serine
residue is within hydrogen bonding distance of the adenine ring (N6) of acetyl-CoA
[361]. The acetyl group is then transferred from the enzyme to the substrate, forming
an acetylated product and releasing the enzyme.

The hydrophobic nature of the active-site pocket may contribute to the stability of
the acetylated enzyme intermediate [356]. While the lifetimes of these intermediates
is NAT-dependent, the estimated half-life in hamster is 88 s [359]. Variable access
of water to the active site, resulting in competing hydrolysis, may explain lifetime
differences. Further evidence to support this hypothesis includes kinetic models, which
are most consistent with reaction of unionized anilines with the reactive species. Ionized
alkylamines, which tend to remain unionized at physiological pH, generally do not react
with NATs [356].

NAT1 and NAT2 exhibit different substrate selectivity. Substrates for NAT1 include
p-aminobenzoic acid and p-aminophenol [362]. Substrates for NAT2 include sulfmet-
hazine, dapsone, and procainamide [363]. Substrate selectivity may be explained by
differences in active-site topography. The active site of NAT1 is ∼40% smaller than
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NAT2 [364]. The NAT1 active site contains an arginine residue (Arg127) that is avail-
able for hydrogen bonding to acidic moieties and a phenylalanine residue (Phe125)
that is closely located to orient linear, aromatic substrates toward the acetylated cys-
teine through π-stacking [365]. In contrast, docking studies based on the NAT2 crystal
structure suggest that a phenylalanine residue (Phe93) is positioned to interact with
hinged-aromatic substrates such as sulfmethazine [361]. The Phe125Ser mutation con-
ferred NAT1 activity to NAT2 [366].

7.3.5 Acyl-CoA Synthetase

The acyl-CoA synthetases (also referred to as acyl-CoA ligases) catalyze the for-
mation of thioester conjugates from carboxylic acids (Fig. 7.44). The activation of
endogenous and xenobiotic acids to their thioester conjugates is often the first step
in detoxification processes that end in amino acid conjugation and subsequent elim-
ination [367]. The acyl-CoA synthetases are classified by their substrate specificity
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(short chain, medium chain, and long chain) and primary pharmacophores include
aromatic carboxylic acids as well as some aliphatic and arylacetic acids [368]. Well-
characterized substrates include nonsteroidal anti-inflammatory drugs such as ibuprofen
and flunoxaprofen, hypolipidemic drugs such as clofibrate, and the environmental pol-
lutant 4-chlorobenzoate [369–378].

The initial step in the acyl-CoA synthetase catalyzed reaction involves a nucleophilic
attack of a carboxylate anion on the α-phosphate group of adenosine triphosphate (ATP)
resulting in the formation of an acyl-adenylate intermediate, which does not dissociate
from the acyl-CoA synthetase [379]. The acyl-adenylate intermediate then reacts with
a deprotonated coenzyme A molecule resulting in the activated thioester conjugate
and free adenosine monophosphate [380]. It has been proposed that the acetyl-CoA
synthetase may adopt a different conformation for each step in the reaction [381]. The
esterification of the carboxylate moiety has been proposed to proceed via a unidirec-
tional bi-uni-uni-bi ping-pong mechanism [382]. Proper orientation of the reactants
in the active site of acyl-CoA synthetase is achieved through hydrogen bonding with
active-site residues as well as through coordination with a divalent magnesium ion
[378,381–383].

A unique attribute of acyl-CoA synthetases is their involvement in the chiral inver-
sion of nonsteroidal anti-inflammatory drugs such as ibuprofen, flunoxaprofen, and
2-phenylpropionic acid [373,375,377,384], resulting in a unidirectional inversion of
the (R)-enantiomer to the (S)-enantiomer. In each case, the acyl-CoA enzyme dis-
plays a stereoselective preference for the formation of a thioester conjugate of the
(R)-enantiomer, with a minimal amount of acyl-CoA transfer to the (S)-enantiomer.
Using ibuprofen as an example, the first step in the chiral inversion process is the
formation of an (R)-ibuprofen-CoA thioester intermediate (Fig. 7.45), as demonstrated
through studies utilizing deuterium-labeled ibuprofen [385]. The next step involves the
abstraction of the C2 proton of the ibuprofen-CoA conjugate by epimerase/carnitine
dehydratase. Though the inherent acidity of this proton is increased by the presence
of the thioester conjugate, the deprotonation step is not spontaneous at physiological
pH and requires the presence of a catalytic base provided by epimerase [372,375,386].
The resulting carbanion tautomerizes to the planar and more stable enolate, allowing
for a proton attack from either side of the double bond to form both enantiomers of the
ibuprofen thioester conjugate. Finally, hydrolysis of the thioester bond by acyl-CoA
hydrolase results in the formation of unconjugated (S)-ibuprofen [375,377,387].

While substrate specificities may vary among the different acyl-CoA synthetase
homologs, the enzymes generally catalyze the thioester conjugation of aliphatic and
aromatic carboxylic acids. For the aliphatic acids, the acyl chain length is often the
determining factor in the specificity of individual acyl-CoA isoforms. In addition, both
the pKa of the carboxylic acid as well as the log P of the compound have been shown
to be important determinants in the formation of thioester conjugates [368,388,389],
though electronic and steric factors may also play a role. For example, examination
of the rates of thioester formation for a series of cinnamic acid analogs with various
electron-donating or electron-withdrawing groups in the para-position resulted in a
biphasic Hammett plot (Fig. 7.46), implicating the importance of a negative charge
in formation of the conjugate as well as a potential change in the rate-determining
step in the reaction for electron-donating versus withdrawing groups [390]. Sterically,
compounds with a flat hydrophobic region that is coplanar to the carboxylic acid
moiety appear to be much better substrates for acyl-CoA synthetases [391]. It has been
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suggested that compounds that do not meet this coplanar criteria may have difficulty
accessing the active site of the enzyme.

7.3.6 Methyltransferase

The methyltransferase family of enzymes (including thiopurine-S-methyl transferase,
thiol methyltransferase, catechol-O-methyltransferase, phenethanolamine-N-methy-
ltransferase, and multiple other forms involved in biological homeostasis)
catalyze the transfer of a methyl group from S-adenosyl methionine to nucle-
ophilic substrate [392–394]. Drugs that are metabolized by methyltransferases
include 6-mercaptopurine, 6-thioguanine, and azathioprine (thiopurine-S-methyl
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transferase), dopamine, L-3,4-dihydroxyphenylalanine and isoprenaline (catechol-
O-methyltransferase), captopril and D-penicillamine (thiol methyltransferase), and
norepinephrine (phenethanolamine-N-methyltransferase) [395–404].

The mechanism by which methyltransferases catalyze the addition of a methyl
group to a substrate proceeds via an SN2 nucleophilic attack on the methyl carbon of
S-adenosyl methionine by the substrate (Fig. 7.47). The reaction may require the pres-
ence of Mg2+ (catechol-O-methyltransferase) and has strict geometrical requirements
for the orientation of substrate and cofactor [396,405,406]. An ordered mechanism
has been suggested for the transfer of the methyl group, with the order of binding
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being (i) S-adenosyl methionine; (ii) Mg2+; and (iii) substrate [407–409]. Following
transfer of the methyl group, S-adenosyl homocysteine (the demethylated byproduct
of S-adenosyl methionine) is the last ligand to dissociate from the binding pocket
of the methyltransferase [410,411]. Kinetic isotope effect studies and hybrid den-
sity functional theory models have been used to identify the transfer of the methyl
group as the rate-limiting step in the reaction [393,412,413]. In a similar manner
to other enzyme-catalyzed SN2 reactions (i.e., glucuronidation and sulfation), a con-
served active-site lysine residue (catechol-O-methyltransferase) or arginine residue
(thiopurine-S-methyltransferase) acts as a catalytic base to deprotonate the nucleophile
before the SN2 attack (Fig. 7.48) [398,414].

Substrate selectivity varies widely across the range of methyltransferases. For
catechol-O-methyltransferases, which catalyze the transfer of a methyl group to
catechols and catecholestrogens, it appears that the presence of vicinal aromatic
hydroxyl groups is a requirement for catalysis, as the enzyme does not bind the
nonaromatic dihydroxyl cyclohexane analogs [415,416]. In addition, the presence
of a strong electron-withdrawing group on the catechol has been shown to greatly
decrease the rate of O-methylation, though the compounds can still bind and
inhibit the enzyme [417–419]. Orientation of the substrate within the active site is
controlled by the bound magnesium ion, which is coordinated to active-site aspartate
and asparagine residues, a bound water molecule, and both hydroxyl groups of
the catechol, while overall substrate selectivity may be conferred by hydrophobic
“gatekeeper” residues (Fig. 7.48). For thiol methyltransferases, the preferred substrates
are aliphatic sulfhydryl-containing compounds, such as 2-mercaptoethanol [420].
Potent inhibitors of thiol methyltransferase include the calcium channel blocker SKF
525A [421]. Lastly, while thiopurine methyltransferases catalyze the methylation of
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thiopurines, thiopyrimidines and aromatic sulfhydryl compounds, a natural substrate
has not yet been identified [402,414,422]. Though compounds with a purine moiety
are understandably the primary substrates for thiopurine methyltransferase, the
presence of a heterocyclic aromatic functional group is not a requirement for substrate
recognition, as demonstrated by studies with thiophenol-containing compounds
[402,423]. Substrate recognition by thiopurine methyltransferases also appears to be
dependent on the ability of the acceptor molecule to achieve proper orientation within
the substrate-binding site of thiopurine methyltransferase through hydrophobic and
van der Waals interactions [414].

Methyltransferases are also known to display both stereoselectivity and regios-
electivity in the transfer of a methyl group to an acceptor molecule. Regioselec-
tivity by methyltransferases has been observed for the methylation of catechols by
catechol-O-methyltransferase, with 3-O-methylation (meta) generally preferred over
4-O-methylation (para), especially in vivo [398,407]. Furthermore, dimethylation is
not readily observed. This observed phenomenon may be due in part to the unfavor-
able interactions required between the substrate and hydrophobic active-site residues to
allow the 4-hydroxy position to gain proper alignment for an SN2 attack on S-adenosyl
methionine. The catechol-O-methyltransferases also exhibit stereoselectivity in the
methylation reaction, as noted with a series of β-adrenoceptor agents, where the enzyme
preferentially catalyzed the methylation of (−)-isoprenaline and (−)-noradrenaline over
their respective (+) counterparts [424].

7.4 CONCLUSION

Understanding the biochemistry of drug metabolism is one of the most critical aspects
of new drug development to assure safe and efficacious medicines of the future. As
described in this chapter, drug metabolism is heavily dependent on the molecular prop-
erties of the substrate and the topography of the enzyme’s active site. Considerable
advances have been made in recent years, such that basic rules can be applied to
determine the fate of a compound in man based on physicochemistry character and
structure of a drug metabolite. In this light, the impact of the identification of drug
metabolites allows the drug metabolism scientist to predict drug clearance pathways
and factors affecting drug/metabolite exposures early in the drug development pro-
cess. Moreover, it is anticipated that a strong understanding of the chemical basis
for metabolite formation will greatly enhance our ability to elucidate the mechanisms
involved in idiosyncratic drug reactions and off-target toxicity.

In addition to gaining greater insights into the biochemical factors that influence
the chemistry of drug metabolism, other technological and analytical advances will
continue to be made and their application will continue to grow, which should enable
scientists to have even greater impact in the area of drug metabolism. Of course, in
order to have the greatest benefits from these advances, drug metabolism scientists
need to embrace and incorporate emerging trends in science and technology, select the
appropriate tools, and accurately interpret data generated from drug metabolism studies
with a link toward the fundamental chemistry associated with the observed biotrans-
formation. We hope the present work provides a reasonable chemical foundation for
the biochemistry of drug metabolism on which both experienced and newly initiated
drug metabolism scientists may rely on.
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